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Abstract Cell movement constitutes a basic mechanism in animal development, for instance during gastrulation or during the development of neural systems. Plant cells with
their rigid cell walls cannot move and therefore had to evolve alternative mechanisms
to organize their Bauplan. In plants, morphogenesis is controlled by the initiation of
a cell axis during cell division and by the expression of this axis during subsequent cell
expansion. Axiality of both division and expansion is intimately linked with speciﬁc microtubular arrays such as the radial array of endoplasmic microtubules, the preprophase
band, the phragmoplast, and the cortical cytoskeleton. This chapter will review the role
of microtubules in the control of cell axis, and attempt a synthesis of classical research
with recent developments in the ﬁeld. During the last few years, our understanding of two
central enigmas of plant microtubule organization has been advanced substantially.
It had been observed for a long time that the spatial conﬁguration of the phragmoplast
was guided by events that take place prior to mitosis. However, the premitotic microtubular
arrays disappear at the time when the spindle appears. It was therefore unclear how they
could deﬁne the formation of a phragmoplast. The deposition of an endosomic belt adjacent to the phragmoplast, in combination with highly dynamic exploratory microtubules
nucleated at the spindle poles, provides a conceptual framework for understanding these
key events of cell axiality.
The microtubule–microﬁbril concept, which is central to understanding the axiality of
cell expansion, has been enriched by molecular candidates and elaborate feedback controls between the cell wall and cytoskeleton. Special attention is paid to the impact of
signalling to cortical microtubules, and to the mechanisms of microtubule reorientation.
By means of live-cell imaging it has become possible to follow the behaviour of individual microtubules and thus to assess the roles of treadmilling and mutual sliding in the
organization of microtubular arrays. Direction-dependent microtubule lifetimes, spatial
patterns of post-translational modiﬁcations, and new mutants with deviating orientation of microtubules shed light on a complexity that is still far from being understood,
but reveals a network of highly dynamic, nonlinear interactions that are endowed with
pattern-generating properties. The chapter concludes with potential approaches to manipulation of the cell axis either through cell division or through cell expansion.

1
Cell Axis and Plant Development
During the growth of any organism, volume increases with the third power of
the radius. Surface extension, however, increases only with the second power
and thus progressively lags behind. In order to balance these two processes, the
surface has to be enlarged substantially, either by internal or external exten-

4

P. Nick

sions. Due to their photosynthetic lifestyle, plants must increase their surface
in an outward direction. As a consequence, plant architecture must be able
to cope with a considerable degree of mechanical load. In aquatic plants, this
is partially relieved by buoyancy, allowing considerable body sizes even on
the base of fairly simple architectures. The transition to terrestrial habitats,
however, required the development of a ﬂexible and simultaneously robust mechanical lattice, the vessel system. The evolutionary importance of the vessel
is emphasized by a large body of evidence. For instance, the so-called telome
theory (Zimmermann 1965) had been quite successfully employed to describe
the evolution of higher land plants in terms of a modular complexity based on
load-bearing elements (the telomes) that are organized around such vessels.
The architectural response of plant evolution to the challenges of mechanical load had a second consequence, namely, a completely sessile lifestyle.
This immobility, in turn, determined plant development with respect to its
dependence on the environment. During animal development, body shape
is mostly independent of the environment. In contrast, plants have to tune
their Bauplan to a large degree to the conditions of their habitat. Morphogenetic plasticity thus has been the major evolutionary strategy of plants to
cope with environmental changes, and ﬁtness seems to be intimately linked
to plant shape (Fig. 1).
Mechanical load shapes plant architecture, reaching down to the cellular
level. Plant cells are endowed with a rigid cell wall and this affects plant development very speciﬁcally and fundamentally. The morphogenetic plasticity
of a plant is therefore mirrored by a plastic response of both cell division and
cell expansion with respect to axiality. In this response, cell division has to
be placed upstream of cell expansion because it deﬁnes the original axis of
a cell and thus the framework in which expansion can proceed. The deposition of the new cell plate determines the patterns of mechanical strain that,
during subsequent cell expansion, will guide the complex interplay between
protoplast expansion. This is mainly driven by the swelling vacuole, with the

Fig. 1 Adaptive response of morphogenesis in a tendril of Vicia faba. In response to the
mechanical stimulus, upon contact with the support, cell elongation becomes arrested in
the ﬂank facing the support, whereas it continues at the opposite ﬂank. The resulting
growth differential causes a bending response towards the support and will, eventually,
result in spiral growth of the tendril around the support. The time-course of the ﬁgure
covers 24 h
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cell wall as a limiting and guiding counterforce. It is even possible to describe
the shape of individual cells in a plant tissue as a manifestation of minimal
mechanical tension (Thompson 1959), emphasizing the strong inﬂuence of
mechanical load on plant development.
When plants are challenged by mechanical load, they respond by changes
in architecture that will allocate load-bearing elements (vessels and ﬁbres on
the organ level, cellulose microﬁbrils and lignin incrustations on the cellular level) in such a way that mechanical strains are balanced in an optimal
fashion at minimal investment of energy and biomatter. This response of architecture is fundamental and involves changes on different levels of organization, from the spatial arrangement of macromolecules up to the allocation
of biomatter to different organs.
Mechanical load affects architecture and the composition of the cell wall
during cell elongation and subsequent cell differentiation. For instance, mechanical compression leads to a suppression of certain layers of the cell wall
(the so-called S3 -layer) in conifer tracheids (Timell 1986; Yoshizawa 1987).
Conversely, mechanical tension causes a shift in orientation of cellulose in the
gelatinous layer of the challenged wood ﬁbres in such a way that the mechanical strain is optimally buffered (Prodhan et al. 1995).
However, the effect of mechanical load by far exceeds these responses on
the subcellular level. Plant cells can respond to a mechanical challenge by
acute changes of cell axiality. It is even possible to demonstrate this directly:
When protoplasts are embedded into agarose and the agarose block is subsequently subjected to controlled mechanical load (Lynch and Lintilhac 1997),
the division planes of the embedded cells will then be aligned either perpendicular or parallel to the principle stress tensors (Fig. 2).
On the level of whole-plant physiology, mechanical stress can cause socalled thigmomorphogenesis, i.e. alterations of growth that result in adaptive
changes of shape. For instance, unidirectional stem ﬂexure of young pines (as
produced, for instance, by exposure to wind) induced a larger biomass allocation to the roots parallel to the plane of ﬂexing, which in turn resulted in
an increased mechanical resistance within the plane of bending stress (Mickovski and Ennon 2003). In other words, the mechanical stimulus altered root
architecture in an adaptive way to ensure optimal resistance to the triggering
mechanical stress. The losses in yield that are caused by wind are conspicuous
– estimates range between 20 and 50% for Graminean crops and reach up to
80% for certain apple varieties (Grace 1977). In addition to the allocation of
lateral roots, it is the the angle between the primary root and the branch roots
that deﬁnes the uprooting resistance of a root system to wind stress (Stokes
et al. 1996).
The economic impact of thigmomorphogenesis is tremendous, but very often overlooked. Repetitive mechanical stimulation, e.g. by wind, will cause
a redistribution of growth towards lateral expansion. Again, this thigmomorphogenetic response is clearly of adaptive quality. The resistance of a plant to
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Fig. 2 Alignment of cell division in response to mechanical tension. Protoplasts that are
embedded into agarose will divide randomly upon regeneration of the cell wall (A). However, when they subjected to mechanical tension, the direction of the subsequent division
will be aligned (B)

windbreak and lodging is inversely related to plant height (Oda et al. 1966):
LR =

W·M
,
L2 w

with W = fresh weight, M = bending momentum at breaking, L = shoot
length and w = dry weight of the shoot. Thus, lodging resistance will increase
parabolically with decreasing plant weight, and a repartitioning of growth
from elongation to thickening is a very efﬁcient strategy for increasing lodging resistance, because fresh weight W is kept constant, while the reduction
of the shoot length by a given factor will contribute with the second power of
this factor.
Lodging is of enormous importance for agriculture and accounts for yield
losses up to 10–50% in wheat (Laude and Pauli 1956; Weibel and Pendleton 1961), up to 60% in barley (Schott and Lang 1977; Knittel et al. 1983)
and 20–40% in rice (Basak 1962; Kwon and Yim 1986; Nishiyama 1986). The
increase of lodging resistance therefore has been a traditional target for agricultural technology over several decades, especially in Graminean crops. This
includes genetic approaches, where dwarﬁng genes are introduced into highyield cultivars (Borner et al. 1996; Makela et al. 1996; Mcleod and Payne 1996),
as well as the application of growth regulators such as chlormequat chloride
or ethephone (Schott and Lang 1977; Schreiner and Reed 1908; Tolbert 1960).
The success of these strategies is limited by the speciﬁc environment generated by modern agriculture, such as high nutrient inﬂux and high canopy
densities. These conditions stimulate internode elongation and thus increase
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the susceptibility of the crops to lodging and windbreak (Luib and Schott
1990). Most crop plants are typical sun plants, i.e. they exhibit a pronounced
shade-avoidance response when grown in dense canopies (Smith 1981). They
are able to sense their neighbours through subtle changes in the ratio between
red and far-red light utilizing the photoreversible plant photoreceptor phytochrome. They respond to this change in red/far-red ratio by enhanced stem
and petiole elongation. The shade-avoidance response is supposed to protect these plants against overgrowth by neighbouring plants. Indeed, this has
been conﬁrmed in ﬁeld trials, where photoreceptor mutants of Arabidopsis
thaliana that were not able to trigger shade avoidance were monitored under
ﬁeld conditions and found to be less competitive as compared to the respective wild type (Ballaré and Scopel 1997). As useful as this response may be for
the survival of a weed like thale cress in a canopy, it is undesired for a crop
plant. In the dense canopy of a wheat ﬁeld, for example, shade avoidance will
increase the risk of lodging. In fact, ﬁeld trials with tobacco plants that overexpress phytochrome and are thus incapable of sensing the reﬂected light
from their neighbours demonstrated that the suppression of shade avoidance
allows for increased yield (Robson et al. 1996).
A classical example of thigmomorphogenesis is the barrier response of
young seedlings. Upon contact with a mechanical barrier, the major axis of
growth tilts from elongation towards stem thickening. This barrier response
is triggered by the ethylene that is constantly released from growing stems
and accumulates in front of physical obstacles (Nee et al. 1978). The increase
in diameter improves the mechanical properties of the seedling, for instance
the ﬂexural rigidity, and thus allows the seedling to remove the barrier.
These examples may sufﬁce to illustrate the impact of cell axis on growth,
architecture and eventually on the performance of the plant under challenge
by the environment. There are basically two mechanisms that deﬁne and contribute to the axis of a plant cell: ﬁrst, the basic geometry of a cell is deﬁned
by the axis of cell division; and second, the manifestation of this geometry
depends on the axis of subsequent cell expansion. The next two sections will
therefore survey the mechanisms that control the axiality of division and expansion.

2
Control of Cell Division
The spatial control of cell division employs specialized populations of microtubules that are unique to plant cells: cortical microtubules, preprophase
band (PPB) and phragmoplast (Fig. 3). The cortical microtubules prevailing
in interphase cells are usually arranged in parallel bundles perpendicular to
the main axis of cell expansion (Fig. 3a). They are involved in the directional
control of cellulose deposition and thus in the axiality of cell growth and will
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Fig. 3 Microtubular arrays during the cell cycle of higher plants. a Elongating interphase
cell with corticale microtubules. The nucleus is situated in the periphery of the cell. b Cell
preparing for mitosis seen from above and from the side. The nucleus has moved towards the cell centre and is tethered by radial microtubules emanating from the nuclear
envelope. c Preprophase band of microtubules. d Mitosis and division spindle. e Cell in
telophase with phragmoplast that organizes the new cell plate extending in centrifugal
direction

be discussed in more detail in Sect. 3. When a plant cell prepares for mitosis, this is heralded by a migration of the nucleus to the site, where the
prospective cell plate will form. The nucleus is surrounded by a specialized
array of actin microﬁlaments, the phragmosome (for review see Lloyd 1991;
Sano et al. 2005). This phragmosome is, in fact, responsible for the correct
positioning of the nucleus (Katsuta and Shibaoka 1988). At the same time,
the cortical microtubules are progressively replaced by a new structure, the
radial or endoplasmic microtubules that emanate from the nuclear envelope
and often merge with the cortical cytoskeleton (Fig. 3b).
Concomitantly with the eclipse of cortical microtubules a band of microtubules emerges at the cell equator. This preprophase band (Fig. 3c) is laid
down in parallel to the direction of cortical microtubules and is connected
with the nucleus by the radial microtubules and by the phragmosome. The
preprophase band (PPB) marks the site and orientation of the prospective
cell plate. However, it disappears with the formation of the division spindle
that is usually organized in an axis perpendicular to the PPB, whereby the
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spindle equator is situated in the plane heralded by the PPB (Fig. 3d). Once
the daughter chromosomes have separated, a new array of microtubules, the
phragmoplast, emerges at the site of the ensuing cell plate (Fig. 3e). The phragmoplast targets vesicle transport to the periphery of the expanding cell plate.
Microtubules seem to pull at tubular-vesicular protrusions emanating from
the endoplasmatic reticulum (Samuels et al. 1995). The phragmoplast consists
of a double ring of interdigitating microtubules that grows in diameter with
progressive extension of the cell plate. New microtubules are organized along
the outer edge of the expanding phragmoplast (Vantard et al. 1990).
These observations assign to nuclear migration a central role in the control
of division symmetry. Nuclear migration can be blocked by actin inhibitors
such as cytochalasin B (Katsuta and Shibaoka 1988), suggesting that the
phragmosome forming the characteristic “Maltesian cross” seen in premitotic vacuolated plant cells is, in fact, moving and tethering the nucleus and
thus ultimately deﬁnes the site where the new cell plate is formed. However,
microtubules also seem to be involved in nuclear positioning, since antimicrotubular compounds such as colchicine (Thomas et al. 1977) or pronamide
(Katsuta and Shibaoka 1988) have been found to loosen the nucleus such that
it can be displaced by mild centrifugation.
At the end of the S-phase, formation of the PPB begins (Gunning and Sammut 1990), which faithfully predicts the symmetry and axis of the ensuing cell
division. This is impressively illustrated by asymmetric divisions, for instance
during the formation of guard cells (Wick 1991) or in the response of root tissue to wounding (Hush et al. 1990). It has been under debate whether the PPB
is more than just a true indicator for the spatial organization of mitosis.
In classical studies, Murata and Wada analysed the functions of the nucleus
and PPB in the formation of the ensuing cell plate by means of centrifugation at different time points prior to mitosis (Murata and Wada 1991). As
experimental system, they used protonemata of the fern Adiantum and elegantly exploited the advantages of these cells. Since they are very long, it is
possible to displace the nucleus over a considerable distance leading to clear
outcomes. To avoid migration of the displaced nucleus back to its original
position (due to the tethering cytoskeletal network), they ﬁrst induced a phototropic bending and subsequently centrifuged the nucleus into the curved
part of the protonemata such that it was prevented from shifting back to the
apex. Upon centrifugation prior to the formation of the PPB, the nucleus induced a new PPB in the new (basal) position, where later the new cell plate
was formed, suggesting that it is the nucleus that deﬁnes the position of the
PPB. When the nucleus was displaced from the apex somewhat later (when
a PPB had already been laid down), the nucleus induced a second, somewhat
smaller, PPB in its new position in the base of the cell. If the centrifugation
occurred even later, the nucleus had already lost the ability to induce a second PPB, leading to a situation where an isolated PPB was observed near the
apex, whereas the nucleus was found void of a PPB in the cell base. This situ-
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ation allowed logical discrimination of the functions of nucleus and PPB in
the orientation of cell division. In those cells, the new cell plate was established at the site of the nucleus (i.e. in the cell base) and not at the site of
the PPB (i.e. in the cell apex) demonstrating unequivocally that it is the nucleus and not the PPB that determines the position of the ensuing cell plate.
However, the cell plate in those cells was laid down randomly with respect to
its orientation. Thus, the PPB is responsible for the correct orientation of the
ensuing cell plate.
This guiding function of the PPB is supported by evidence from Arabidopsis mutants, where the PPB has been reported to be absent. In these so-called
tonneau or fass mutants, the ordered pattern of cell divisions that characterizes the development of the wild type is replaced by a completely randomized
pattern of cross walls (Traas et al. 1995; McClinton and Sung 1997). It should
be mentioned, however, that, during meiosis, the division plane can be controlled in the absence of a PPB (Brown and Lemmon 1991), suggesting that
there exist additional mechanisms of spatial control.
The organization of the PPB is accompanied by a phosphorylation of proteins. Some of these phosphorylated proteins reside in the nucleus (Young
et al. 1994), whereas the cell-cycle-dependent protein kinase p34cdc2 localizes
to the PPB (Colasanti et al. 1993). The formation of the radial array of endoplasmic microtubules can be triggered in interphase cells by cycloheximide,
a blocker of protein synthesis (Mineyuki et al. 1994). This suggests that the radial array represents a kind of default state, whereas the cortical microtubules
have to be actively maintained by the synthesis of proteins with a relatively
short lifetime. Interestingly, the formation of the PPB was not inhibited by
cycloheximide, indicating that it is independent from these rapidly cycling
proteins.
An intriguing question has been how the PPB can guide the formation of
the phragmoplast, since it disappears completely at the time when the nuclear
envelope breaks down. Recently, this mystery was at least partially unveiled
by in-vivo microscopy. In a beautiful study, Dhonukshe et al. (2005) followed
the behaviour of individual microtubules during mitosis of tobacco BY-2 cells.
Using the plus-end marker EB1, they observed that the radial microtubules
that emanate from the premitotic nucleus are indeed oriented with their plusends pointing outwards. They observed further that during the formation of
the PPB, a belt composed of endosomes is laid down adjacent to the PPB
probably produced by joint action of microtubule- and actin-driven transport. This belt persists during mitosis. Upon completed separation of the
chromosome, a new set of microtubules emerges from the spindle poles and
“explores” the cell periphery in different directions. Hereby the lifetime of microtubules that hit the endosomal belt is enhanced over that of microtubules
that fail to interact with the endosomes and are therefore prone to undergo
catastrophic decay. As a consequence, microtubules will be enriched at the
site where the PPB was located prior to mitosis. In principle, the individual
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“exploratory” microtubules are bound to compete for a limited pool of soluble
dimers and thus are linked by mutual inhibition. This system is nothing other
than a realization of a reaction-diffusion system, in the Turing sense (1952),
combining self-ampliﬁcation with lateral inhibition. Such systems are capable of self-organization and will rapidly produce a clear output pattern even
in a situation of variable and noisy inputs.
Thus, the persistent “trace” that is laid down by nucleus, radial, endoplasmic microtubules and the PPB seems to be an endosomal belt. This “trace”
is “read” by “exploratory” microtubules after mitosis, employing their selforganizing properties. As a consequence, the phragmoplast will be formed
at the site heralded by the PPB. Thus, the PPB represents the earliest manifestation of the division axis known so far. The spindle is always established
strictly in a direction perpendicular to the PPB. However, in small cells (e.g.
precursors of the guard cells), it can become secondarily tilted or distorted
to oblique orientations as a consequence of limited space (Mineyuki et al.
1988). This does not result in the formation of an oblique phragmoplast or an
oblique cell plate, though, indicating that the formation of the spindle must be
seen as a bypass of the morphogenetic processes that link nuclear migration,
the formation of the PPB and the induction of the phragmoplast.
The PPB decides over the division plane. For the symmetry of division,
however, it is nuclear migration and the nuclear envelope that are the decisive
factors. They deﬁne where the radial microtubule network and the PPB is organized, they deﬁne the position of the spindle, and they mark the site where
phragmoplast and cell plate will develop. The decisive questions remain to be
solved – how is the nuclear movement directed towards the prospective plane
of division? How is the nuclear surface differentiated into an equatorial region
that can organize a PPB and two polar domains that seem to lack this ability?
The function of the nucleus as the ultimate organizer of division symmetry
is supported by its ability to nucleate microtubules. Whereas spindle microtubules are nucleated from centrosomes in animal and algal cells (Wiese and
Zheng 1999), they emerge from rather diffuse microtubule-organizing centres
(MTOCs) in the acentriolar cells of higher plants (Baskin and Cande 1990;
Shimamura et al. 2004). However, the major MTOC of higher plants seems
to be the nuclear envelope (for review see Lambert 1993). In addition, the
kinetochores of both animal and plant cells are endowed with a microtubulenucleating activity (Cande 1990). The nucleating activity of plant MTOCs is
mirrored by their molecular composition. For instance, γ-tubulin, a minusend nucleator of microtubule assembly, is found in centrosomes as well as in
MTOCs (Pereira and Schiebel 1997; Stoppin-Mellet et al. 2000), and is also enriched in the nuclear envelope (Liu et al. 1994). The same holds true for CCT,
a chaperone that speciﬁcally folds nascent tubulin (Himmelspach et al. 1997;
Nick et al. 2000). Even during the G2 phase, i.e. prior to the disintegration of
the nuclear envelope, γ-tubulin is imported into the nucleus (Binarová et al.
2000). Interestingly, the breakdown of the nuclear envelope coincides with the
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formation of the spindle, suggesting that microtubule-nucleating components
of the nuclear envelope might be used to organize spindle microtubules (for
review see Nick 1998). In fact, RanGAP1, an accessory protein of the small
GTPase Ran involved in nuclear transport, not only localizes to the nuclear
envelope, but also decorates spindle microtubules (Pay et al. 2002). The same
protein can co-assemble with tubulin into microtubules, but only if the interaction takes place in extracts from cycling (not from non-cycling) cells.
The speciﬁc role of the nuclear envelope is possibly linked with the presence
of proteins or protein domains that are speciﬁc for plants. For instance, the
plant homologues of RanGAP1 share an N-terminal extension that is absent
from their animal counterparts. Conversely, the nuclear-rim protein MAF1
(present at the site where the microtubules of the preprophase band are nucleated) is not found in animals at all (Patel et al. 2004).
Although many of the molecular components organizing cell division in
time and space are unknown, it is possible to build ﬁrst models on the sequence of events (Fig. 4):
1. The cortical array of microtubules is actively maintained in interphase
cells by proteins that have to be synthesized continuously (Mineyuki et al.
1994). If the activity of these proteins decreases, this will result in a rapid
deterioration of the cortical array. The efﬁciency of this transition will
depend on the lifetimes of individual microtubules. These have been assessed either by microinjection of ﬂuorescent tubulin (e.g. Yuan et al. 1994;
Himmelspach et al. 1999) or by expression of GFP-fusions of plant tubulins (e.g. Shaw et al. 2003) and found to be in the range of 30–60 s. Under
these conditions, cortical arrays are expected to deteriorate within minutes if their active maintenance becomes arrested.
2. The nuclear envelope contains proteins that are able to nucleate new microtubules (Liu et al. 1994; Stoppin et al. 1994; Himmelspach et al. 1997),
and it seems that this nucleating function is actively suppressed during
Fig. 4 Possible mechanisms for the control of division axis and symmetry. During in- 
terphase, tubulin dimers are partitioned into cortical microtubule arrays (a) due to the
activity of a rapidly cycling cortical MAP, whereas the nucleation activity of the nuclear
envelope is low. In premitotic cells, the nucleus is moved to a central position (b), and the
MAPs at the nuclear envelope are activated or unmasked. The activity and/or synthesis of
the cortical MAP is reduced such that a net ﬂux of tubulin towards radial microtubules
occurs that interacts with the force-generating system (probably actomyosin) that drives
and tethers the nucleus. The formation of the preprophase band is accompanied by an
endosomal belt in the cell equator (c). The microtubule-organizing activity of the nuclear envelope is spatially organized into different domains such as the polar caps. From
late anaphase, the endosomal belt is “read” by exploratory microtubules (d) that emanate
from the spindle poles and differ in lifetime depending on their contact with the endosomal belt, resulting in a net ﬂux from incorrectly oriented microtubules towards those
microtubules that are correctly oriented
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interphase. In the simplest case, the inhibition of microtubule nucleation
at the nuclear envelope might be the direct consequence of elevated nucleation activity in the cortical plasma if both sites compete for a limited
number of free tubulin dimers (Fig. 4a).
At the onset of G2 , this suppression is released (possibly by weakening
the active maintenance of nucleation in the cortical cytoplasm leading
to an increase of tubulin dimers available for nucleation elsewhere). New
microtubules will form spontaneously at the nuclear envelope with their
growing ends pointing outwards (Fig. 4b; Dhonukshe et al. 2005).
These microtubules, probably in joint action with the microﬁlaments of
the phragmosome, organize the PPB along with a belt of endosomal vesicles in the symmetry plane of the prospective division (Dhonukshe et al.
2005). The detection of cell-cycle regulators such as p34cdc2 in the PPB
(Colasanti et al. 1993) suggests that these events involve the activity of associated proteins that are under cell-cycle control. An important aspect
that is often ignored is the partitioning of the nuclear envelope into different domains (Fig. 4c). Confocal sectioning of the nucleus in Arabidopsis
cells that express GFP-tagged RanGAP1 reveals that the nuclear surface is
not labelled uniformly, but in large patches (Pay et al. 2002). It might be
possible that similar types of partitioning could deﬁne different regions
that differ in their nucleating activity and thus contribute to a regionalization of the nuclear envelope, contributing to the deﬁnition of a division
plane.
The spindle seems to be established independently of the PPB and represents a bypass to the causal chain between radial, endoplasmic microtubules, endosomal belt, PPB and phragmoplast. This is evident from
situations where the spindle is secondarily tilted or distorted with respect to the orientation of the PPB due to space limitations (e.g. during
the formation of guard cells), but nevertheless the cell plate is deposited
correctly, parallel to the PPB (Mineyuki et al. 1988). Moreover, when, in
wheat roots, the dissolution of the PPB was blocked by treatment with
taxol, an inhibitor of microtubule disassembly, a spindle was formed although the PPB persisted (Panteris et al. 1995). This spindle, although
being multipolar and aberrant, demonstrated clearly that it can be formed
independently of the PPB.
Following the separation of chromosomes, highly dynamic microtubules
emanate from the spindle poles in various directions (Fig. 4d). Those that
touch the endosomal belt deposited prior to mitosis are stabilized such
that a net redistribution towards this belt is achieved (Dhonukshe et al.
2005). This self-organization requires a high dynamics of microtubules,
because misoriented microtubules have to disassemble in order to reach
this net redistribution. Consequently, taxol should block the formation of
a phragmoplast such that microtubules will be trapped in the spindle. This
has indeed been shown for tobacco BY-2 cells (Yasuhara et al. 1993).
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7. The phragmoplast will then organize the cell plate by means of motor
proteins that are able to bind and transport vesicles containing cell wall
material. Phragmoplasts could be puriﬁed from synchronized tobacco BY-2
cells and yielded a microtubule-associated protein that binds microtubules
dependent on ATP (Yasuhara et al. 1992). A dynamin-like protein, termed
phragmoplastin, binds to the newly formed cell plate and is supposed to
recruit exocytotic vesicles to the growing cell plate (Gu and Verma 1995).
Additional candidates for microtubule-bound cargo have been identiﬁed
from genetic screens, for instance the KNOLLE protein, a syntaxin that
decorates the phragmoplast.
The control of cell axis during cell division is a central element of plant morphogenesis. During the past few years our understanding of this process has
advanced quite a bit, although many molecular components still remain to be
identiﬁed. However, the underlying mechanisms are beginning to emerge. It
has become clear that the mother cell does not transmit cell axis in form of
a ﬁxed structure. It rather transmits surprisingly vague spatial cues that will
guide the self-assembly of microtubular arrays on the background of a high
level of stochastic noise. The “exploratory” microtubules, for instance, which
emanate from the spindle poles and eventually establish the phragmoplast,
grow initially in various directions. Their ﬁnal orientation is brought about
by mutual competition of these highly dynamic microtubules for free tubulin
heterodimers. Those microtubules that by chance hit the endosomal belt laid
down prior to mitosis are stabilized over other microtubules that are misoriented. In a recent conceptual review, the classical view of the cell as a complex
type of clockwork was confronted with the ﬁndings from live-imaging. This
leads to a more dynamic and ﬂexible view of the cell (Kurakin 2005) and the
conclusion that cells are not organized in a “Watchmaker” fashion, but mainly
by self organization. The way that the cell axis emerges during the division of
plant cells provides an excellent illustration of this view. The ultimate tool for
this self-organization is the nonlinear nature of microtubules, which can switch
rapidly between growth and catastrophe and mutually compete for free dimers.

3
Control of Cell Expansion
Organisms grow by increasing the number of cells (division growth) or the
volume of individual cells (expansion growth). In plants, division growth is
conﬁned to speciﬁc tissues or developmental states, e.g. to embryogenesis or
the apical meristems (Steeves and Sussex 1989). During most of their lifecycle, plants grow predominantly by cell expansion. In some organs, such
as hypocotyls (Lockhart 1960) or coleoptiles (Furuya et al. 1969; Nick et al.
1994), the growth response is even carried by cell expansion alone.
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Plant cells expand by increasing the volume of the vacuole, which accounts
for more than 90% of total cell volume in most differentiated cells. The driving force for this volume increment is a gradient of water potential from the
apoplast towards the cytoplasm and vacuole, where the potentials are more
negative (Kutschera et al. 1987). The expansion of the vacuole would eventually result in inﬁnite swelling and a burst of the cell were it not limited by
rigid cell walls. The importance of the cell wall for the integrity of plant cells
can be impressively demonstrated when protoplasts are placed in a hypotonic
medium (Fig. 5a).
Most plant cells derive from isodiametric meristematic cells, but assume approximately cylindrical shapes during differentiation, especially pronounced in expanding tissues such as hypocotyls, internode, petioles or
coleoptiles. This cylindrical shape is usually lost upon removal of the cell wall;

Fig. 5 Role of the cell wall for the axis of cell expansion. a Swelling and burst of protoplasts in the absence of a cell wall due to a gradient in water potential between the
environment and cell interior. b Corroboration of cell axiality (upper cell) when expansion
is not actively maintained anisotropic by a reinforcement mechanism (lower cell)
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protoplasts, with very few exceptions, are spherical. This simple fact already
illustrates the importance of the cell wall for the control of cell shape.
In cylindrical cells, cell expansion is expected to occur preferentially in
a lateral direction, which should progressively corroborate the axiality of
these cells (Fig. 5b). This means, on the other hand, that cylindrical cells must
be endowed with some kind of reinforcement mechanism to maintain their
original axiality during expansion (Green 1980). This reinforcement mechanism seems to reside in the cell wall and was ﬁrst described for the long internodal cells of the green alga Nitella (Green and King 1966). In these elongate
cells, the cellulose microﬁbrils were demonstrated by electron microscopy to
be arranged in transverse rings, especially in the newly deposited inner layers
of the wall. It should be mentioned that, much earlier, the birefringency of the
cell wall had been discovered by polarization microscopy in growing tissue
and interpreted in terms of an anisotropic arrangement of cellulose (Ziegenspeck 1948). However, the functional signiﬁcance of this observation had not
been recognized at that time. It is evident that the transverse arrangement
of microﬁbrils can account for the reinforcement mechanism that maintains
longitudinal expansion in cylindrical cells (Fig. 5c). The tight correlation
between transverse microﬁbrils and cell elongation has been conﬁrmed in
numerous studies and has been discussed in several reviews (Robinson and
Quader 1982; Kristen 1985; Giddings and Staehelin 1991; Smith 2005). As expected, reorientations in the axis of growth are accompanied either by a loss
or by a switch in the anisotropy of cellulose deposition (Green and Lang 1981;
Hardham et al. 1981; Lang et al. 1982; Hush et al. 1990).
In intact organs, the control of growth axiality is not necessarily maintained actively by each cell individually, but is sometimes conﬁned to speciﬁc
tissues. These tissues, the epidermis in most cases, are responsible for growth
control of the entire organ. This can be demonstrated by a very simple experiment in which stem sections are split and subsequently allowed to grow
in water. They will then curl inside out because the inner tissues expand faster
than the epidermis. If growth-promoting agents such as auxins are added, the
sections begin to curl outside inwards, because now it is the epidermis that
exceeds the inner tissues in growth. This curling response is so sensitive that
it had been used as a classical biotest for auxin (Schlenker 1937). Biophysical
measurements conﬁrmed later that, in fact, auxin stimulates the elongation
of maize coleoptiles by increasing the extensibility of the epidermis such that
its constraint upon the elongation of the compressed inner tissues is released
(Kutschera et al. 1987).
As outlined above, the preferential axis of cell expansion is linked with
a preferential orientation of cellulose microﬁbrils. The cell wall in those cells
is formed by apposition of cellulose to the inner surface of the cell wall.
Specialized cells such as root hairs or pollen tubes, in contrast, grow by
intussusception of cell wall material into the cell poles and follow different mechanisms, which have been reviewed elsewhere (Taylor and Hepler
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1997; Geitmann and Emons 2000) and will not be considered here. Cellulose is synthesized by specialized enzyme complexes that, in freeze-fracture
preparations, appear as rosettes of six subunits of about 25–30 nm diameter
surrounding a central pore (e.g. Kimura et al. 1999). These so-called terminal
rosettes are integrated into the membrane of exocytic vesicles and, upon fusion of the vesicle, are then inserted into the plasma membrane. UDP-glucose
is transported towards the central pore and polymerized in a β-1,4 conﬁguration. Each subunit has been inferred to produce around six cellulose chains
that will be integrated by hydrogen bonds yielding a long and fairly stiff cellulose microﬁbril. These enzyme complexes are thought to move within the
ﬂuid membrane and leave a “trace” of crystallizing cellulose behind them.
This movement will thus decide the orientation of cellulose microﬁbrils and
thus the anisotropy of the cell wall. It is at this point that the microtubules
come into the play.
Even before they were actually discovered microscopically by Ledbetter
and Porter (1963), cortical microtubules were predicted to exist and to guide
cellulose deposition (Green 1962). During subsequent years, an intimate link
between cortical microtubules and the preferential axis of growth has been
proposed by a number of studies:
1. Cortical microtubules are closely associated with the plasma membrane,
and upon plasmolysis a direct contact between cortical microtubules and
newly formed cellulose microﬁbrils could be demonstrated by electron
microscopy (for review see Giddings and Staehelin 1991; Smith 2005).
2. Parallel bundles of thick microtubules mark the prospective sites of cell
wall thickening in differentiating cells (Fukuda and Kobayashi 1989; Jung
and Wernicke 1990).
3. Changes in the preferential axis of cell expansion are accompanied by
a switch in the preferential axis of cellulose deposition, and are preceded
by a corresponding reorientation of cortical microtubules (ethylene response, Lang et al. 1982; auxin response, Bergfeld et al. 1988; gibberellin
response, Toyomasu et al. 1994; wood formation, Abe et al. 1995; for review see Nick 1998).
4. When cortical microtubules are eliminated by antimicrotubular compounds, this results in a progressive loss of ordered cellulose texture
and the axiality of cell expansion, leading, in extreme cases, to lateral
swelling and bulbous growth. This effect was ﬁrst discovered in the green
alga Nitella (Green 1962), but was later observed in higher plants as
well (Hogetsu and Shibaoka 1978; Robinson and Quader 1981; Kataoka
1982; Bergfeld et al. 1988; Vaughan and Vaughn 1988; Nick et al. 1994;
Baskin and Bivens 1995; Hasenstein et al. 1999). This phenomenon is even
of importance for application, since the mode of action of some herbicides, such as the phenyl carbamates or the dinitroanilines, is based on
the elimination of cortical microtubules and the subsequent inhibition of
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elongation growth. Especially impressive are the effects of colchicine on
differentiating xylem elements, where the characteristic cell wall thickenings do not form at all in presence of the drug (Pickett-Heaps 1967; Robert
and Baba 1968; Barlow 1969; Hepler and Fosket 1971; Hardham and Gunning 1980).
The striking parallelity between cortical microtubules and newly deposited
cellulose microﬁbrils has stimulated the proposal of two alternative models:
The original model postulated that cortical microtubules adjacent to the
plasma membrane guide the movement of the cellulose-synthesizing enzyme complexes and thus generate a pattern of microﬁbrils that parallels the
orientation of microtubules (Heath 1974). The differences in length between
microtubules and microﬁbrils would be explained by an overlap of individual microtubules that are organized in bundles. The driving force for the
movement of cellulose synthases in this “monorail” model would be active
transport through microtubule motors (Fig. 6a).
Alternatively, the interaction between microtubules and cellulose-synthases could be more indirect, whereby the microtubules act as “guard rails”
that induce small folds of the plasma membrane that conﬁne the movement of
the enzyme complexes (Herth 1980; Giddings and Staehelin 1991). The driving force for the movement would result from the crystallization of cellulose.
The solidifying microﬁbril would thus push the enzyme complex through the
ﬂuid plasma membrane and the role of microtubules would be limited to delineate the direction of this movement (Fig. 6b).
The practical discrimination between these two models is not trivial because experimental evidence was mostly based on electron microscopical

Fig. 6 Models on the guidance of cellulose synthesis by cortical microtubules. a Monorail
model, where the cellulose-synthesizing complexes are moved along microtubules driven
by a microtubule-dependent motor. b Guardrail model, where the cellulose-synthesizing
complexes are moved by the force from the crystallizing cellulose, but are conﬁned to the
troughs between individual microtubules
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observation and thus was prone to ﬁxation artifacts, and great luck was required to locate the right section. For instance, the newly synthesized cellulose
microﬁbrils formed after a treatment with taxol were found to be directly adjacent to individual microtubules in tobacco BY-2 cells (Hasezawa and Nozaki
1999), favouring the monorail model. On the other hand, the cellulose synthase
complexes were observed “in gap” between adjacent microtubules in the alga
Closterium (Giddings and Staehelin 1988), which was difﬁcult to reconcile with
a monorail mechanism.
The situation is further complicated by situations where the orientation of
microtubules and cellulose microﬁbrils differ (for instance Emons and Mulder 1998; Himmelspach et al. 2003; for review see Baskin 2001; Wasteneys
2004). Some of these inconsistencies may depend on the choice of the system – for instance, the root hair of Equisetum hyemale with its helicoidal
wall texture deviating from the orientation of cortical microtubules (Emons
et al. 1992) is a cell endowed with tip growth and differs from a tissue cell
that is expanding in a diffuse manner and is subject to considerable tissue
tensions. In addition, the orientation of cellulose microﬁbrils is shifted and
distorted when the wall lamella gradually shift from the plasma membrane to
the periphery of the apoplast during the apposition of the subsequent lamellae. The contribution of these older lamellae to the reinforcement of growth
vanishes progressively. It had been estimated for Nitella that only the innermost ﬁfth of the wall is responsible for the majority of reinforcement (Green
and King 1966). It is not trivial to determine the cellulose texture of the innermost lamellae of a cell wall (Robinson and Quader 1982; Kristen 1985).
Moreover, the orientation of microtubules as well as the orientation of cellulose can change rhythmically (Zandomeni and Schopfer 1993; Mayumi et al.
1996; Hejnowicz 2005) leading to transitional situations where the microtubules have already assumed a new orientation and the time elapsed since
this transition has not been sufﬁcient to deposit a signiﬁcant number of microﬁbrils in the new direction.
Despite these caveats in the interpretation of apparent differences between
microtubule and microﬁbril orientation, they have led to a debate on the role
of microtubules in the guidance of cellulose synthesis. This debate stimulated
a key experiment exploiting the potential of live-cell imaging in Arabidopsis thaliana (Paredez et al. 2006). A component of the terminal rosette, the
cellulose synthase subunit A6 (CESA6), was expressed as fusion with the
yellow ﬂuorescent protein under the native promotor in the background of
a cesa6 null mutant, such that overexpression artifacts could be excluded.
The resulting punctate signal was observed to be localized adjacent to the
plasma membrane and to move along parallel pathways that resembled cortical microtubules. By crossing this line into a background, where one of
the α-tubulins was expressed as fusion with a blue ﬂuorescent protein, it
became possible to follow this movement under simultaneous visualization
of CESA6 and microtubules. This dual-image approach demonstrated very
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clearly that CESA6 was moving along individual microtubule bundles. Moreover, in a very recent publication, a central problem of the monorail model,
i.e. the existence of polylamellate walls with layers of differing microﬁbril
orientation, could be plausibly explained by a rotary movement of groups of
microtubules (Chan et al. 2007).
The original monorail model postulated a microtubule motor that pulls the
cellulose synthase complex along the microtubules. If this motor were defective, a situation would result where microtubules were arranged in the usual
transverse arrays, whereas cellulose microﬁbrils were deposited deviantly.
A screen for reduced mechanical resistance in Arabidopsis thaliana yielded
a series of so-called fragile ﬁber mutants (Burk et al. 2001; Burk and Ye 2002)
that were shown to be completely normal in terms of cell wall thickness or
cell wall composition, but were affected in wall texture. One of these mutants,
fragile ﬁber 2, allelic to the mutant botero (Bichet et al. 2001), was affected
in the microtubule-severing protein katanin, leading to swollen cells and increased lateral expansion. A second mutant, fragile ﬁber 1, was mutated in
a kinesin-related protein belonging to the KIF4 family of microtubule motors.
As expected, the array of cortical microtubules was completely normal; however, the helicoidal arrangement of cellulose microﬁbrils was messed up in
these mutants. This suggests that this KIF4 motor is involved in the guidance
of cellulose synthesis and might be a component of the monorail complex.
Thus, the original monorail model for the microtubule guidance of the
terminal rosettes (Heath 1974) experienced a rehabilitation after more than
three decades of dispute. However, the microtubule–microﬁbril model is still
far from complete. In addition to the discordant orientations of microtubules
and microﬁbrils discussed above, there are cell wall textures that are difﬁcult
to reconcile with a simple monorail model. For instance, cellulose microﬁbrils are often observed to be intertwined (for instance Preston 1981). This has
stimulated views that claim that microtubules are more or less dispensable
for the correct texture of microﬁbrils. The self-organization of cellulose synthesis would be sufﬁcient to perpetuate the pattern because the geometrical
constraints from microﬁbrils that are already laid down would act as templates
for the synthesis of new microﬁbrils (Emons and Mulder 1998; for review see
Mulder et al. 2004). This view ignores the fact that microtubules and microﬁbrils are parallel in most cases, at least if cells in a tissue context are analysed. It
also ignores the disruption of microtubules either by inhibitors (see above) or
by mutations that impair the formation of ordered microtubule arrays, causing
a progressive loss of ordered cell wall texture and a loss of growth axiality (Burk
et al. 2001; Bichet et al. 2001 for katanin; Whittington et al. 2001 for mor1).
However, the focus on the self-organizing properties of cellulose synthesis
forces the original microtubule–microﬁbril model to be extended by a feedback control of microﬁbrils upon cortical microtubules. A mounting body of
evidence shows that the cell wall acts to stabilize cortical microtubules. For instance, removal of the cell wall results in enhanced cold sensitivity of cortical
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microtubules in tobacco cells (Akashi et al. 1990). When, in the same cells, the
incorporation of UDP-glucose into the cell wall was blocked by the herbicide
isoxaben (Fisher and Cyr 1998), this impaired the axiality of cell expansion
resulting in isodiametric cells and disordered cortical arrays of microtubules.
This suggests that the mechanical strains exerted by the cellulose microﬁbrils
during axial expansion provide directional cues for the alignment of microtubules. The fact that microtubules are able to sense mechanical stimuli will
be discussed in detail in Sect. 6.
At this point it should be pointed out that this mechanosensory function
will close a feedback loop between cell wall and cytoskeleton. Since expansion
is reinforced in a direction perpendicular to the orientation of microtubules
and microﬁbrils, biophysical forces will be generated parallel to the major
strain axis. These forces are then relayed back through the plasma membrane
upon cortical microtubules that are aligned with relation to these strains. In
other words, microtubules and microﬁbrils constitute a self-reinforcing regulatory circuit. Since individual microtubules mutually compete for a limited
supply with tubulin-heterodimers, and since the number of microﬁbrils is
limited by the quantity of cellulose synthase rosettes, this regulatory circuit
should be capable of self-organization and patterning.
In fact, microtubule–microﬁbril patterns that transcend the borders of individual cells have been reported in early work on plant microtubules in
apical meristems (Hardham et al. 1980). Here, the formation of new primordia is suppressed by the older primordia. The tissue tension present in an
expanding meristem would yield considerable mechanical stresses resulting
from buckling from the older primordia. In fact, models of stress–strain patterns could perfectly predict the position of incipient primordia (for review
see Green 1980). One of the earliest events of primordial initiation is a reorientation of cortical microtubules that are perpendicular with respect to the
microtubules of their non-committed neighbours. This difference is sharp,
but later it is smoothed by a transitional zone of cells with oblique microtubules, such that eventually a gradual, progressive change in microtubular
reorientation emerges over several rows of cells. A similar supracellular gradient of microtubule orientation was reported upon wounding of pea roots
(Hush et al. 1990), heralding corresponding changes of cell axis and cell divisions that align such that the wound is efﬁciently closed. A curious case of
microtubule patterning was discovered in the Arabidopsis mutants spiral, lefty
and tortifolia (Furutani et al. 2000; Thitamadee et al. 2002; Buschmann et al.
2004). In these mutants, microtubules are obliquely aligned over many cells in
the distal elongation zone of the root (spiral and lefty) or the petiole (tortifolia), accompanied by twisted growth. In contrast, in the temperature-sensitive
mutant radially swollen 6 (Bannigan et al. 2006) microtubule arrays of individual cells are ordered and parallel, but arrays between neighbouring cells
deviate strongly, suggesting that this mutant is affected in the supracellular
patterning of microtubule arrays.
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The twisted growth phenotype of these mutants is conventionally explained on the base of uniformly oblique arrays of microtubules (and consequently microﬁbrils). In the spiral, lefty and tortifolia mutants it is the
microtubular cytoskeleton that is affected by these mutations. Moreover, spiral growth can be phenocopied in the wild type by inhibitors of microtubule
assembly (Furutani et al. 2000). As pointed out above, the microtubule–
microﬁbril circuit is endowed with self-ampliﬁcation linked to mutual inhibition. A typical systemic property of such a self-organizing morphogenetic
system is an oscillating output (Gierer 1981). Any factor that alters the lifetime of microtubules will alter the relay times within this feedback circuit.
Since neighbouring cells are mechanically coupled by tissue tension, even
a weak coupling will result in a partial synchronization of the individual circuits (Campanoni et al. 2003). The degree of synchrony will depend on the
velocity of the feedback circuit. Thus, mutations in an associated protein such
as the tortifolia gene product (Buschmann et al. 2004), mutations in tubulin
itself, as in case of lefty (Thitamadee et al. 2002), or treatment with microtubule inhibitors (for review see Hashimoto and Kato 2006) are expected
to enhance synchrony leading to the observed oscillations of growth. Interestingly, the mutant root swollen 6, where microtubule arrays of individual
cells are completely uncoupled, is reported to be endowed with increased resistance to microtubule inhibitors suggesting that microtubule lifetimes are
increased in this mutant (Bannigan et al. 2006).
The spatial control of cell expansion is a central element of the developmental ﬂexibility crucial for survival in organisms with a sessile lifestyle.
The past few years have seen a surprising rehabilitation of the classical ideas
on the mechanisms driving this control. However, the original straightforward model of microtubules as guiding tracks for cellulose synthesis has been
extended by elaborate feedback controls from the microﬁbrils upon microtubules. This means that the self-organizing properties of microtubules are
combined with the self-organizing properties of cellulose synthesis, constituting a patterning system that is composed of oscillators (the microtubule–
microﬁbril circuits of individual cells) that are coupled through mechanical
strains. Thus, in analogy to the spatial control of cell division, the nonlinear
properties of microtubules are utilized to generate and maintain a ﬂexible,
but nevertheless deﬁned, axis of cell expansion.

4
Signal-Triggered Reorientation of Microtubules
The previous two sections have described microtubules as central players in
the deﬁnition of cell division and cell expansion. Both phenomena have to
be ﬂexibly tuned with the environment. This means that plant microtubules
must be able to reorganize in response to signals.
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In fact, this has been observed in numerous cases (for review see Nick
1998). A classical example is the ethylene response of growth: When angiosperm seedlings encounter mechanical obstacles, they display a characteristic barrier response that involves a shift of the growth axis from elongation
towards stem thickening. The trigger for this response is ethylene (Nee et al.
1978), which is constantly released by the elongating shoot and accumulates
in front of physical obstacles. It is, by the way, this ethylene-induced block of
internode elongation accompanied by a thickening of the stem by which the
growth regulator ethephone increases lodging resistance (Andersen 1979).
Using this ethylene-triggered switch of the growth axis, Lang et al. (1982)
succeeded in demonstrating that environmental signals probably control
growth through the microtubule–microﬁbril pathway. Electron microscopy in
pea epicotyls showed that the cortical microtubules reorient from their original transverse orientation into steeply oblique or even longitudinal arrays.
This reorientation is followed by a shift of cellulose deposition from transverse to longitudinal, and a thickening of the stem.
During subsequent years, similar correlations between growth, microﬁbril
deposition and cortical microtubules could be shown for other hormones as
well. In coleoptile segments of maize, where elongation is under the control of
auxin and limited by the epidermal extensibility (Kutschera et al. 1987), microtubules and microﬁbrils were oriented longitudinally when the segments
had been depleted of endogenous auxin (Bergfeld et al. 1988). However, they
became transverse when exogenous auxin was added. In parallel, elongation
growth was restored. Interestingly, this response is conﬁned to the outer epidermal cell wall, and it is exactly this cell wall where auxin has been shown to
stimulate growth by increasing the extensibility of cell walls.
With the adaptation of immunoﬂuorescence to plant cells (Lloyd et al.
1980) it became possible to follow the dynamics of reorientation and to investigate the factors that trigger a reorientation of microtubules. These studies
identiﬁed various plant hormones such as auxin (Bergfeld et al. 1988; Nick
et al. 1990, 1992; Nick and Schäfer 1994), gibberellins (Mita and Katsumi 1986;
Nick and Furuya 1993; Sakiyama-Sogo and Shibaoka 1993; Shibaoka 1993;
Toyomasu et al. 1994) and abscisic acid (Sakiyama-Sogo and Shibaoka 1993)
as triggers of microtubule reorientation, but also physical factors such as blue
light (Nick et al. 1990; Laskowski 1990; Zandomeni and Schopfer 1993), red
light (Nick et al. 1990; Nick and Furuya 1993; Zandomeni and Schopfer 1993;
Toyomasu et al. 1994), gravity (Nick et al. 1990; Godbolé et al. 2000; Blancaﬂor and Hasenstein 1993; Himmelspach et al. 1999; Himmelspach and Nick
2001), high pressure (Cleary and Hardham 1993), mechanical stress (Zandomeni and Schopfer 1994), wounding (Hush et al. 1990) or electrical ﬁelds
(Hush and Overall 1991).
However, only in a few cases has the dynamics of microtubule reorientation
been analysed in direct comparison with signal-induced changes of growth.
In maize coleoptiles, microtubules were observed to reorient rapidly from
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transverse to longitudinal upon phototropic stimulation (Nick et al. 1990).
This reorientation was conﬁned to the lighted ﬂank of the coleoptile and
clearly preceded the onset of phototropic curvature. The time-course for the
auxin-dependent reorientation in the same organ supported a model (Fig. 7)

Fig. 7 Behaviour of cortical microtubules during phototropic curvature of maize coleoptiles (Nick et al. 1990). Microtubules reorient from transverse to longitudinal in response
to auxin depletion or in response to phototropic stimulation. The reorientation induced
by phototropic stimulation is conﬁned to the lighted ﬂank of the coleoptile and initiates
subsequent to the auxin displacement across the coleoptile, but prior to the onset of the
phototropic curvature
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where photo- or gravitropic stimulation induced a shift of auxin transport
from the lighted towards the shaded ﬂank of the coleoptile. The depletion of
auxin in the lighted ﬂank subsequently stimulated a reorientation of cortical microtubules into longitudinal arrays (Nick et al. 1990), and, in parallel,
a longitudinal deposition of cellulose microﬁbrils (Bergfeld et al. 1988). Conversely, microtubules, as well as cellulose microﬁbrils, remain transverse in
the auxin-enriched shaded ﬂank. The gradient of microﬁbril orientation would
then result in a decreased longitudinal extensibility of epidermal cell walls
in the lighted ﬂank, and, as a consequence, a decrease in asymmetric growth
leading to phototropic curvature towards the light stimulus.
A more detailed investigation of the phenomenon revealed, however, a more
complex reality (Nick et al. 1992; Nick and Schäfer 1994; Nick and Furuya 1996).
It is possible, by rotating the seedlings on a clinostat in the absence of tropistic stimulation, to generate a so-called nastic bending. This nastic response
is not preceded or accompanied by a reorientation of microtubules and thus
occurs without a corresponding gradient of orientation across the coleoptile
cross-section (Nick et al. 1991). On the other hand, the gradient of microtubule
orientation established in response to a light pulse persists, whereas the curvature vanishes due to gravitropic straightening (Nick et al. 1991). In parallel
to phototropic curvature, a phototropic stimulus can induce a stable transverse polarization of the coleoptile that persists over several days. This polarity
can mediate stable changes in growth rate (Nick and Schäfer 1988, 1991, 1994)
and can even control morphogenetic events such as the emergence of crownroots manifest several days after the inducing stimulus had been administered
(Nick 1997). These stable changes in growth are closely related to a stabilization of microtubule orientation (Nick and Schäfer 1994) because 2 h after the
inducing light stimulus, cortical microtubules had lost their ability to reorient
in response to a counter-directed light pulse. At the same time, the transverse
polarity manifest as stable change in growth becomes persistent. Interestingly,
the microtubules lose their ability to respond to auxin as well, indicating that it
is not sensory adaptation of phototropic perception that is responsible for the
block of the reorientation response (Nick and Schäfer 1994). The stabilization
of microtubule orientation 2 h after an inducing light pulse requires blue light,
and this light effect cannot be mimicked by a mere depletion of auxin nor by
gradients of auxin depletion.
These studies suggest that the microtubule–microﬁbril pathway is responsible for persistent changes of growth. They also suggest, however, that a second pathway can control fast growth responses independently. In most cases,
both pathways seem to act in concert; it required detailed time-course studies to detect discrepancies between growth and microtubule reorientation.
In this context it should be mentioned that in some cases the microtubule
response has been found to be somewhat slower than the signal response
of growth, for instance in the blue light-induced inhibition of growth in
pea stems (Laskowski 1990) or root gravitropism in maize (Blancaﬂor and
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Hasenstein 1993). Here, a microtubule-independent mechanism seems to
be at work. The microtubule–microﬁbril pathway is designed for persistent
changes of growth, since it requires a certain time until enough cellulose
microﬁbrils are deposited in a new direction (Lang et al. 1982) before a corresponding change of growth can occur. When the two growth patterns have
been analysed in parallel (e.g. Nick and Schäfer 1994), they were observed
to act in parallel and to play complementary roles. However, it seems to be
the microtubule–microﬁbril pathway that is crucial for the morphogenetic
ﬂexibility essential for plant survival. Thus, to understand developmental
ﬂexibility and its link to signal transduction, it is necessary to understand,
how cortical microtubules reorient.

5
How Do Microtubules Change Direction?
Before the mechanism of microtubule reorientation could be seriously investigated it was necessary to visualize the plant cytoskeleton in its threedimensional organization. Thus, our understanding of microtubules was
shaped by the methodology that was available. Originally, microtubule orientation could only be inferred from the shape of the cross-sections in stacks
of ultrathin sections viewed by electron microscopy, which was very cumbersome and at the edge of the impossible. The ﬁrst breakthrough was therefore
the combination of ﬂuorescence microscopy with immunolabelling, which
allowed for the ﬁrst time observation of the microtubular cytoskeleton as
an entity (Lloyd et al. 1980). When this approach was later complemented
by confocal microscopy, it became possible to view microtubules in different layers of an intact tissue. However, for immunoﬂuorescence, microtubules
have to be ﬁxed by aldehydes to preserve their structure during the preparation process. This means that the dynamics of microtubules could not be
observed by this approach, and the term “cytoskeleton” evoking a more or
less rigid structure was inspired by the structural appearance of ﬁxed microtubules seen in electron micrographs and later immunoﬂuorescence images.
It was a big surprise when microtubules could be visualized in living cells,
ﬁrst by microinjection of ﬂuorescent tubulin (Yuan et al. 1994), and later by
the use of GFP-tagged markers such as the microtubule-binding domain of
MAP4 (Marc et al. 1998) or tubulins themselves (Kumagai et al. 2001). Our
understanding of microtubule reorientation represents a classical example for
the interdependence of biological concepts and experimental approach.
When microtubule arrays could be visualized for the ﬁrst time as an entity,
it was discovered that, in elongating cells, they are arranged in helicoidal arrays along the cell periphery. This stimulated the ﬁrst model for microtubule
reorientation (Lloyd and Seagull 1985). This very elegant and beautiful model
perceived cortical microtubules as a mechanically coupled entity that cor-
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Fig. 8 Potential mechanisms for the reorientation of cortical microtubules. a Dynamic
spring model: microtubules are organized into a mechanically coupled helicoidal array.
By mutual sliding of microtubules the helix can change from a relaxed state with almost
transverse pitch (left) to a tightened state with almost longitudinal microtubules (right).
b Directional reassembly model: the equilibrium between assembly and disassembly of
a given microtubule depends on its orientation with respect to the cell axis. A switch in
the direction of preferential stability will result in a net reorientation of microtubules.
Whereas the ﬁnal result is the same as for the dynamic spring model, the transitional
states are different. In the dynamic spring model (1), the transition would consist of homogenously oblique microtubules. In the directional reassembly model (2), transverse
and longitudinal microtubules coexist during a transitional phase. These are coaligned to
patches that subsequently move and reorient as coupled entities until a homogenous new
array is established

responds to a dynamic spring. By releasing or increasing the tension in this
spring (caused by mutual sliding of the constituting microtubules), the pitch
of this helix would change between transverse and longitudinal (Fig. 8a). According to this model, the molecular mechanism of reorientation is expected
to involve microtubule motors.
However, it became evident during subsequent years that the dynamicspring model failed to describe microtubule reorientation:
1. In epidermal tissues, the reorientation of cortical microtubules is conﬁned
to the microtubules adjacent to the outer cell wall, leading to a situation
where microtubules were transverse at the inner wall, but longitudinal at
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the outer wall (Bergfeld et al. 1988; Nick et al. 1990; for review Wymer and
Lloyd 1996). This difference in orientation within a single cell was difﬁcult
to reconcile with the concept of a mechanically coupled spring.
The transitions between transverse and longitudinal arrays of microtubules should involve situations where microtubules are homogenously
oblique and then gradually change pitch until the longitudinal array is
established. Although oblique microtubules can be observed, they seem
to occur as a ﬁnal rather than as a transitional situation (Gunning and
Hardham 1982; Hush et al. 1990). In contrast, early phases of reorientation
in response to strong stimuli, or incomplete reorientation in response to
a suboptimal stimulation, tend to look different (Nick et al. 1990, 1992).
Here, a patchwork of transverse and microtubules is observed, where
transverse and longitudinal microtubules can coexist even within the very
same cell (Fig. 8b).
Taxol inhibits microtubule disassembly and was found to suppress microtubule reorientation (Falconer and Seagull 1985; Nick et al. 1997),
indicating that microtubule disassembly is required for reorientation, contrasting with the dynamic-spring model. Taxol did not inhibit, however,
the coalignment of initially disordered microtubules into the parallel arrays that are observed in regenerating protoplasts (Wymer et al. 1996)
suggesting that a disassembly-independent mechanism contributes to the
organization of cortical microtubules.
Cortical microtubules were initially thought to be relatively inert lattices.
However, when microtubules were visualized in living plant cells by microinjecting ﬂuorescent tubulin, the lifetime of individual microtubules
was found to be extremely short (Yuan et al. 1994; Wymer and Lloyd
1996, Himmelspach et al. 1999). The injected tubulin was incorporated
extremely rapidly into the preexisting cortical network. Upon bleaching
the ﬂuorescence by a laser beam, the ﬂuorescence of the bleached spot
recovered within a few minutes, indicating an extremely high turnover
of tubulin dimers. This dynamics of tubulin assembly and disassembly contrasts with the concept of a mechanically coupled microtubular
helix.
By using lines of Arabidopsis thaliana expressing a fusion of an α-tubulin
with GFP it became possible to analyse and quantify the dynamic behaviour
of individual microtubules in living epidermal cells (Shaw et al. 2003).
Microtubules were found to move through the cortex by a treadmilling
mechanism. Interestingly, both ends of the microtubule contributed to a net
motility in the direction of the plus-end. When parts of these microtubules
were bleached in ﬂuorescence-recovery after photobleaching (FRAP) experiments, the bleached region did not move, suggesting that translocation
of assembled microtubules did not occur. Thus, it was the assembly and
disassembly of microtubules that was responsible for the net movement of
microtubules. This conclusion is supported by experiments where the be-
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haviour of the plus-end marker EB1 was followed by means of a GFP-tag.
Here, a conspicuous, bidirectional movement of the plus-ends was observed
in interphase arrays of microtubules (Dhonukshe et al. 2003; Chan et al.
2003). In contrast to the situation in animal cells, where catastrophic disassembly is fast but relatively rare, treadmilling in Arabidopsis thaliana was
found to be quite common but moderate, possibly through tight regulation
of the minus-ends.
6. When microtubule reorientation was followed in vivo upon microinjection of ﬂuorescent neurotubulin (Yuan et al. 1994; Wymer and Lloyd 1996,
Himmelspach et al. 1999), the reorientation was observed to proceed in
two distinct stages. The ﬁrst stage local phase transitions from transverse to longitudinal arrays lead to individual discordant microtubules
that herald the prospective orientation of the array. These discordant “exploratory” microtubules subsequently become more frequent, leading to
a patchy situation where longitudinal and transverse microtubules coexist in the very same cell. Only during a second stage are microtubules
coaligned into a new parallel array whose direction is deﬁned by the original, “exploratory” microtubules. This coalignment is characterized by
a distinct group behaviour of cortical microtubules, as demonstrated quite
recently (Chan et al. 2007): By using spinning-disc microscopy in seedlings
that expressed ﬂuorescently tagged versions of tubulin or the tubulin plusend marker EB1, it was possible to follow microtubule reorientation over
longer timescales at high temporal resolution. This approach uncovered
patches of microtubules that act in concert and are of equal polarity. These
domains move around the cell until they collide with other patches. New
microtubules are preferentially generated along tracks where other microtubules had been before.
These observations led to a revision of the original dynamic-spring model
(for review see Lloyd 1994). The actual reorientation involves directiondependent changes of microtubule lifetime. For instance, in an array that
undergoes reorientation from a transverse into a longitudinal orientation,
the “exploratory” longitudinal microtubules will acquire increased stability,
whereas the transverse microtubules will be more labile. This reorientation in
sensu strictu will then be followed by a phase of coalignment where the reoriented, but still disordered, microtubules are coupled into patches of identical polarity. These patches subsequently move around the cell and progressively align into a new parallel array. From the mechanistic point of view, the
ﬁrst phase would require changes in the activity of structural microtubuleassociated proteins (MAPs) that control the lifetime of a given microtubule,
whereas the second phase would be driven by microtubule motors.
A central prerequisite for the ﬁrst phase (reorientation) would be differences in the lifetime of microtubules that are dependent on some kind of
vector, i.e. orientation with respect to the cell axis. The direction of this
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unknown vector would then change in response to the signal that triggers
microtubular reorientation.
Stable microtubules have been observed in both animals and plants to consist of tubulin that is post-translationally modiﬁed (for review, see MacRae
1997). All α-tubulins, with the exception of one species (the slime mould
Physarum polycephalum; Watts et al. 1987), carry a carboxy terminal tyrosine, which can be post-translationally cleaved off by a tubulin tyrosine
carboxypeptidase. The carboxy terminal tyrosine can be restored by a tubulin tyrosine ligase. The biological role of this detyrosination process is not
really understood but, in mammalian cells, microtubules consisting of detyrosinylated tubulin are less dynamic (Kreis 1987). The initial model assumed
that the detyrosinylated tubulin was the cause of the increased stability. However, it turned out later that the tubulin tyrosine carboxypeptidase, responsible
for this modiﬁcation, preferentially binds to tubulin that is assembled in microtubules, whereas it shows less afﬁnity for dimeric tubulin. Conversely, the
tubulin tyrosine ligase acts predominantly on dimeric tubulin (Kumar and
Flavin 1981). This would favour an alternative scenario where tubulin tyrosination would primarily depend on microtubule dynamics (Khawaja et al.
1988). In fact, the dynamics of microtubules assembled in vitro from tyrosinylated or detyrosinylated tubulin is indistinguishable (Skouﬁas and Wilson
1998). Detyrosination has been described for plant tubulin as well and can be
triggered by signals that control growth (Duckett and Lloyd, 1994). Although
it is not known whether detyrosination is cause or consequence of microtubule stability, it can be used as a marker for microtubules with increased
lifetime. There exist a couple of well-characterized monoclonal antibodies that
detect tyrosinylated tubulin (Kilmartin et al. 1982; Kreis 1987). Using such
antibodies it should be possible to test whether signal-triggered microtubule
re-orientation really involves direction-dependent differences of microtubule
lifetime. Using maize coleoptiles as model, it could be shown that detyrosination can be controlled via auxin (Wiesler et al. 2002). In fact, the longitudinal
microtubules produced in response to auxin depletion predominantly contained the detyrosinylated form of α-tubulin, indicating direction-dependent
differences in microtubule stability.
The stability of microtubules is generally believed to depend on the activity of structural MAPs that decrease the frequency of microtubule catastrophe
(Bin-Bing and Kirschner 1999; Caudron et al. 2000). In vitro, the assembly of microtubules is promoted by warm temperatures, by GTP, and by
magnesium. In vivo, the nucleation of new microtubules occurs on the surface of specialized organelles, the centrosomes. Higher plants are unique in
this respect because they do not possess centrosomes, and an entire chapter of the present volume (see Chapter “Microtubules and the Evolution of
Mitosis” of this book) is dedicated to this topic. Higher plants organize microtubules on functional analogues, so-called microtubule-organizing centres
(MTOCs). The major MTOC in dividing cells seems to be the nuclear sur-
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face (Lambert 1993). In fact, it is possible to induce microtubule asters by
addition of puriﬁed nuclei (Stoppin et al. 1994). In differentiated interphase
cells, the activity of the nuclear envelope is masked by cortical MTOCs that
become manifest during the recovery of microtubules from disassembly induced by drugs, low temperature or high pressure (Marc and Palevitz 1990;
Cleary and Hardham 1993). These MTOCs contain microtubule-nucleating
factors such as γ-tubulin (Liu et al. 1994; Pastuglia et al. 2006) or elements of
the tubulin-chaperoning complex CCT (Himmelspach et al. 1997; Nick et al.
2000). A couple of so-called structural plant MAPs have been identiﬁed in the
meantime that can regulate different aspects of microtubule dynamics such as
nucleation, severing or bundling (for review see Lloyd et al. 2004).
However, the central problem of reorientation remains to be solved: how
the stability of the discordant microtubules can be regulated differently from
that of the bulk microtubules that are still oriented in the original orientation.
It seems that there must be interactions with a vectorial ﬁeld or lattice that are
regulated. Membrane-bound MAPs that are regulated by signal-transduction
chains might be the key players in this context. For instance, certain isoforms
of phospholipase D have been isolated as microtubule-binding proteins (Marc
et al. 1996) and participate in the interaction of cortical microtubules with the
plasma membrane (Gardiner et al. 2001).
It is obvious that the direction-dependent stability of a given microtubule
cannot be intrinsic to the microtubule itself, but is produced by the interaction of this microtubule with a directional lattice or vectorial ﬁeld. This
lattice or ﬁeld could be a different component of the cytoskeleton, such as
actin ﬁlaments (the interaction of microtubules and actin ﬁlaments is explored in the chapter “Crossed-wires: Interactions and cross-talk between the
microtubule and microﬁlament networks in plants” of this book). It could be
a physical ﬁeld, such as mechanical strain or bound dipoles, or it could be an
apoplastic lattice, such as the cellulose microﬁbrils that have been found to
feed back on microtubules (see above). The MTOCs could be transported and
organized along such a lattice (Fig. 9a). This would cause a dynamic shift in
the nucleation activity. It would not explain, however, why microtubules are
more stable when they grow into a certain, the “right”, direction as compared
to their fellow microtubules that grow into the “wrong” direction. It could
be the cross-linking with proteins that stabilizes microtubules (e.g. through
bundling or capping). If the distance between such microtubule stabilizers
were dependent upon direction, it would provide a mechanism to favour certain microtubule orientations. A simple possibility for such a mechanism is
depicted in Fig. 9b, where the hypothetical microtubule stabilizers are aligned
on a longitudinal lattice that can change between a disperse and a bundled
conﬁguration. Experiments in which the orientation of microtubules changed
after pharmacological manipulation of actin (Kobayashi et al. 1988; Seagull
1990; Nick et al. 1997) suggest that this lattice is related to actin microﬁlaments. In the disperse conﬁguration of this lattice, the average minimal
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Fig. 9 Model for the directional reassembly of microtubules. a Microtubule-organizing
centres moving along a directional matrix/lattice resulting in a redistribution of microtubule-nucleating sites. b Microtubule-organizing centres are tethered to a directional
matrix/lattice. Upon bundling of this lattice, longitudinal microtubules will be favoured
over transverse microtubules due to a lower minimal distance (∆y) in the longitudinal
direction as compared to the minimal distance in the transverse direction (∆x)

distance between the microtubule stabilizers would be smaller in the transverse direction, favouring a transverse orientation of microtubules. In the
bundled conﬁguration, the average distance in the transverse direction would
increase such that a longitudinal microtubule would become more stable than
its transverse counterpart.

6
Mechanisms for the Control of Cell Axis
Plants can basically use two mechanisms of adjusting their axis in congruence with their environment. To respond rapidly, they can change the axis of
cell expansion. To obtain more persistent changes, for instance in a situation
where the environmental change is not transient, they can alter the axis of
cell division. Microtubules are central players in both adaptive processes and,
in addition, seem to be targets of numerous signalling cascades that control
their organization and dynamics. In a nutshell, their function is twofold: they
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act as devices that collect and process some signals, and they act as devices
that transform the outcome of this signal processing into persistent changes
of shape. In fact, they represent a versatile tool for linking signalling with
morphogenesis.
The versatility of this tool is illustrated by the ample opportunities to control cell expansion. The control of cell expansion by environmental stimuli
such as light or gravity includes: stimulus perception; signal-transduction
cascades that are often organized as complex networks; response of the (still
unknown) directional matrix that deﬁnes direction-dependent microtubule
assembly and disassembly leading to a net reorientation of cortical microtubules; coalignment of a new, parallel array and reorientation of cellulose
deposition, resulting in a directional switch in the anisotropy of the cell wall;
and, eventually, a switch in the axis of preferential cell expansion. Each of
these steps is regulated and can be used to control cell axis (both by the plant
itself and by biotechnological manipulation):
1. Manipulation of stimulus perception. The dense canopies characteristic of
industrial agriculture lead to a pronounced shade-avoidance response that
is triggered by the plant photoreceptor phytochrome (Smith 1981). When
stem elongation is stimulated in consequence of shade avoidance, this will
render the plant prone to lodging and thus will reduce yield (Oda et al.
1966). The agronomical impact of this phenomenon was demonstrated
by experiments in which phytochrome was overexpressed, resulting in reduced shade avoidance. This approach allowed higher yields (Robson et al.
1996). However, the consequences of this strategy are not conﬁned to cell
expansion, but affect all responses that are dependent on phytochrome including the composition of photosystems, branching, tropistic responses,
hormonal balance and induction of ﬂowering. This pleiotropy will cause,
depending on species and crop type, undesired side effects that are difﬁcult to foretell. The same type of argumentation is valid not only for shade
avoidance, but in principle for any other signalling pathway that affects
cell elongation, for instance, by temperature, nutrient uptake or abiotic or
biotic factors.
2. Manipulation of signalling cascades. The classic approach for the suppression of lodging through dwarﬁng genes (Peng et al. 1999) or growth
regulators such as CCC or ethephone belong to this approach (Andersen
1979). Since most signal cascades are not linear, but split and interwoven
into complex networks, again a high degree of pleiotropy is expected. The
experience with undesired side effects of ethephone such as incomplete
grain ﬁlling (Makela et al. 1996) or reduced root development (Luib and
Schott 1990) illustrate the drawbacks of this approach. In plants, where
coordination is not brought about by a neuronal network, but basically
by chemical signalling, it will be difﬁcult to deﬁne signalling events that
are conﬁned to one speciﬁc target. Thus, a strategy aimed at events down-
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stream of the various branching points of signal transduction is expected
to be more localized.
3. Manipulation of the directional matrix. This would represent the most
speciﬁc target because it is expected to affect cortical microtubules in
the ﬁrst place and thus mainly the axis of cell expansion. The nature
of this matrix is to be identiﬁed, but experiments in which actin drugs
have been observed to affect the organization of microtubules (Kobayashi
et al. 1988; Seagull 1990; Nick et al. 1997) suggest that the interaction between microﬁlaments and microtubules (as covered in detail in the chapter “Crossed-wires: Interactions and cross-talk between the microtubule
and microﬁlament networks in plants” of this book) might be crucial in
this context.
4. Manipulation of microtubule disassembly and reassembly. At present,
this is the target easiest to access. Disassembly of microtubules can be
blocked by taxol (Parness and Horwitz 1981) or it can be enhanced by
a broad panel of compounds including the alkaloids colchicine, vinblastine and colcemid, or by herbicides such as dinitroanilines or phenylcarbamates (for review see Morejohn 1991; Vaughn 2000). Disassembly
of microtubules can also be triggered through the calcium–calmodulin
pathway (Fisher et al. 1998) or through low temperature (see the chapter “Microtubules as Sensors for Abiotic Stimuli” of this book). In the
meantime, a few microtubule-associated proteins have been identiﬁed that
participate in the regulation of microtubule dynamics. These include the
microtubule-severing katanins, bundling proteins such as EF-1α (Durso
and Cyr 1994), MAP65 or MOR1. It should be mentioned that microtubule
stability can also be regulated through signals that might act through altering the activity of such microtubule-associated proteins (for reviews see
Nick 1998, 1999). These include hormones such as abscisic acid (Sakiyama
and Shibaoka 1990; Wang and Nick 2001), auxin (Wiesler et al. 2002),
but also exogenous factors such as blue light (Nick and Schäfer 1994) or
temperature (Abdrakhamanova et al. 2003). These signals and molecules
could be used as tools to control cell axis, especially if they are targeted
to the still-unknown lattice that decides over the orientation-dependent
differences in microtubule turnover.
5. Manipulation of post-translational modiﬁcation. Tubulins are subject to
elaborate post-translational modiﬁcations (for review see Ludueña 1998)
that correlate with enhanced stability of microtubules. Whereas this increased stability was originally thought to be the consequence of the
modiﬁcation, it is now thought to be the cause (for review see Bulinski
and Gundersen 1991; Erck et al. 2000): The modifying enzymes seem to
prefer microtubules as substrates rather than soluble tubulin heterodimers
(Kumar and Flavin 1981). Thus, a microtubule with an increased lifetime will be modiﬁed to a larger degree than a rapidly cycling microtubule. These modiﬁcations include phosphorylation of β-tubulin, acety-
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lation, polyglutamylation and detyrosination/retyrosination of α-tubulin.
Recently, even a nitration of α-tubulin has been discovered (Cappelletti
et al. 2003) in neural cells. From these modiﬁcations, acetylation (Vaughn
and Renzaglia 2006) and detyrosination (Duckett and Lloyd 1994; Wiesler
et al. 2002) have been shown to occur in plants as well. The responsible enzymes have to be identiﬁed. However, the enzyme responsible
for the retyrosination of α-tubulin has been cloned from pig brain (Ersfeld et al. 1993), and homologues of this enzyme are present in plants
(Nick et al., unpublished results). A homologue of the retyrosination enzyme has been recently shown to be responsible for polyglutamylation in
Tetrahymena and mouse (Janke et al. 2005). The post-translational modiﬁcations are thought to act as signals that regulate the interaction of
microtubules with organelles or microtubule motors (Gurland und Gundersen 1995; Kreitzer et al. 1999) and thus differentiate different populations of microtubules that differ in function. It could be shown for
auxin-dependent reorientation of cortical microtubules that the discordant microtubules that herald the new orientation of the array are detyrosinated, whereas the microtubules that still maintain the original orientation are not (Wiesler et al. 2002). The increased detyrosination of the
discordant microtubules might enhance their interaction with kinesins
(Kreitzer et al. 1999) such that they are preferentially moved, leading in
the coalignment of the new, longitudinal array. By modiﬁcation of the retyrosination enzyme it might be possible to suppress or to enhance the
coalignment of microtubules and thus to control cell axis in a speciﬁc
manner.
6. Manipulation of cellulose synthesis. As pointed out above, cortical microtubules and cellulose microﬁbrils are linked through a self-referring
feedback control. Pharmacological or molecular interference with cellulose synthesis could be used to generate even non-intuitive consequences.
However, a constitutive manipulation would simply result in a thinning
of cell walls and a reduced mechanical stability (Edelmann et al. 1989).
Conversely, the cell wall could be irreversibly stiffened by induction of
peroxidase-triggered ligniﬁcation (Fry 1979; Liszkay et al. 2004). If the
interaction of microtubules and cellulose microﬁbrils were altered in
a switchable way, this might provide an elegant tool for achieving speciﬁc
alterations of cell axis.
Since length control represents a central topic of agriculture, microtubulebased rationales designed to regulate the axis of growth are expected to
be a meaningful biotechnological strategy. The basic idea is to utilize the
morphogenetic responses that occur naturally in a plant and to target these
responses either to cells, where they usually do not occur, or to modify them
minimally to obtain changes in the response amplitude. In the ideal case,
a manipulation of plant axis and shape could be produced without the help
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of heterologous genes and promotors, if the endogenous genes and promotors are recombined in an intelligent way. Even relatively subtle changes in
assembly dynamics, microtubule bundling or post-translational modiﬁcation
should produce conspicuous and speciﬁc effects on plant shape.

References
Abdrakhamanova A, Wang QY, Khokhlova L, Nick P (2003). Is microtubule assembly
a trigger for cold acclimation? Plant Cell Physiol 44:676–686
Abe H, Funada R, Imaizumi H, Ohtani J, Fukuzawa K (1995) Dynamic changes in the arrangement of cortical microtubules in conifer tracheids during differentiation. Planta
197:418–421
Akashi T, Kawasaki S, Shibaoka H (1990) Stabilization of cortical microtubules by the
cell wall in cultured tobacco cells. Effect of extensin on the cold stability of cortical
microtubules. Planta 182:363–369
Andersen AS (1979) Plant growth retardants: present and future use in food production.
NATO ASI Ser USA 22:251–277
Ballaré CL, Scopel AL (1997) Phytochrome signalling in plant canopies: testing its
population-level implications with photoreceptor mutants of Arabidopsis. Funct Ecol
11:441–450
Bannigan A, Wiedemeier AMD, Williamson RE, Overall RL, Baskin TI (2006) Cortical microtubule arrays lose uniform alignment between cells and are oryzalin resistant in the
Arabidopsis mutant, radially swollen 6. Plant Cell Physiol 47:949–958
Barlow PW (1969) Differences in response to colchicine by differentiating xylem cells in
roots of Pisum. Protoplasma 68:79–83
Basak MN (1962) Nutrient uptake by the rice plant and its effect on yield. Agron J 54:373–
376
Baskin TI (2001) On the alignment of cellulose microﬁbrils by cortical microtubules:
a review and a model. Protoplasma 215:150–171
Baskin TI, Bivens NJ (1995) Stimulation of radial expansion in Arabidopsis roots by
inhibitors of actomyosin and vesicle secretion but not by various inhibitors of
metabolism. Planta 197:514–521
Baskin TI, Cande WZ (1990) The structure and function of the mitotic spindle in ﬂowering plants. Annu Rev Plant Physiol 41:277–315
Bergfeld R, Speth V, Schopfer P (1988) Reorientation of microﬁbrils and microtubules at
the outer epidermal wall of maize coleoptiles during auxin-mediated growth. Bot Acta
101:57–67
Bichet A, Desnos T, Turner S, Grandjean O, Höfte H (2001) BOTERO1 is required for normal orientation of cortical microtubules and anisotropic cell expansion in Arabidopsis.
Plant J 25:137–148
Binarová P, Cenklová V, Hause B, Kubátová E, Lysák M, Doležel J, Bogre L, Dráber P
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